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Cytoplasm is a gel-like crowded environment composed of tens of thousands of 
macromolecules, organelles, cytoskeletal networks and cytosol. The structure of the 
cytoplasm is thought to be highly organized and heterogeneous due to the crowding of its 
constituents and their effective compartmentalization. In such an environment, the diffusive 
dynamics of the molecules is very restricted, an effect that is further amplified by clustering 
and anchoring of molecules. Despite the jammed nature of the cytoplasm at the microscopic 
scale, large-scale reorganization of cytoplasm is essential for important cellular functions, 
such as nuclear positioning and cell division. How such mesoscale reorganization of the 
cytoplasm is achieved, especially for very large cells such as oocytes or syncytial tissues that 
can span hundreds of micrometers in size, has only begun to be understood.  
 
In this thesis, I focus on the recent advances in elucidating the molecular, cellular and 
biophysical principles underlying cytoplasmic organization across different scales, structures 
and species. First, I outline which of these principles have been identified by reductionist 
approaches, such as in vitro reconstitution assays, where boundary conditions and 
components can be modulated at ease. I then describe how the theoretical and experimental 
framework established in these reduced systems have been applied to their more complex in 
vivo counterparts, in particular oocytes and embryonic syncytial structures, and discuss how 
such complex biological systems can initiate symmetry breaking and establish patterning. 
 
Specifically, I examine an example of large-scale reorganizations taking place in zebrafish 
embryos, where extensive cytoplasmic streaming leads to the segregation of cytoplasm from 
yolk granules along the animal-vegetal axis of the embryo. Using biophysical experimentation 
and theory, I investigate the forces underlying this process, to show that this process does not 
rely on cortical actin reorganization, as previously thought, but instead on a cell-cycle-
dependent bulk actin polymerization wave traveling from the animal to the vegetal pole of 
the embryo. This wave functions in segregation by both pulling cytoplasm animally and 
pushing yolk granules vegetally. Cytoplasm pulling is mediated by bulk actin network flows 
exerting friction forces on the cytoplasm, while yolk granule pushing is achieved by a 
mechanism closely resembling actin comet formation on yolk granules. This study defines a 
novel role of bulk actin polymerization waves in embryo polarization via cytoplasmic 
segregation. Lastly, I describe the cytoplasmic reorganizations taking place during zebrafish 
oocyte maturation, where the initial segregation of the cytoplasm and yolk granules occurs. 
Here, I demonstrate a previously uncharacterized wave of microtubule aster formation, 
traveling the oocyte along the animal-vegetal axis. Further research is required to determine 
the role of such microtubule structures in cytoplasmic reorganizations therein. 
 
Collectively, these studies provide further evidence for the coupling between cell 
cytoskeleton and cell cycle machinery, which can underlie a core self-organizing mechanism 
for orchestrating large-scale reorganizations in a cell-cycle-tunable manner, where the 
modulations of the force-generating machinery and cytoplasmic mechanics can be harbored 
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1 Large-scale cytoplasmic reorganizations 
Cytoplasm is a gel-like crowded environment composed of tens of thousands of 
macromolecules, organelles, cytoskeletal networks and cytosol. The structure of the 
cytoplasm is thought to be highly organized and heterogeneous due to the crowding of its 
constituents and their effective compartmentalization. In such an environment, the diffusive 
dynamics of the molecules is very restricted, an effect that is further amplified by clustering 
and anchoring of molecules. Despite the jammed nature of the cytoplasm at the microscopic 
scale, large-scale reorganization of cytoplasm is essential for important cellular functions, 
such as nuclear positioning and cell division. How such mesoscale reorganization of the 
cytoplasm is achieved, especially for very large cells such as oocytes or syncytial tissues that 
can span hundreds of micrometers in size, has only begun to be understood.  
In this chapter, we will discuss recent advances in elucidating the molecular, cellular and 
biophysical principles underlying cytoplasmic organization across different scales, structures 
and species. First, we will outline which of these principles were identified by reductionist 
approaches, such as in vitro reconstitution assays, where boundary conditions and 
components can be modulated at ease. We will then describe how the theoretical and 
experimental framework established in these reduced systems were applied to their more 
complex in vivo counterparts, in particular oocytes and embryonic syncytial structures, and 




The cytoplasm is a highly crowded mixture of water (cytosol) and various proteins, lipids, 
polysaccharides, organelles and cytoskeletal networks (Goldstein and van de Meent, 2015). 
Due to steric as well as binding interactions in the cytoplasm, the movement of cytoplasmic 
particles is below the level set by their diffusion in water, an effect that is further amplified as 
the particle size increases (Luby-Phelps, 2000). Moreover, the caging effects of cytoskeletal 
networks such as actin meshworks and microtubule structures further hamper the diffusion 
of macromolecules resulting in sub-diffusivity or caged diffusion dynamics of cytoplasmic 
particles (Anderson et al., 2019; Lee et al.). On the other hand, cytoplasm is highly dynamic, 
with continuous ATP consumption leading to large non-thermal force fluctuations, which are 
suggested to play central roles in various aspects of cytoplasmic reorganization, such as 
cytoskeletal network remodelling, chromosomal motion and active molecular diffusion 
(Brangwynne et al., 2007; Howard and Others, 2001; Weber et al., 2012). These random 
forces, generated by motor activities and other active enzymatic processes, such as 
polymerization, are thought to enhance the movement of both micron-sized vesicles and 
organelles as well as proteins at the nanometer-size  (Brangwynne et al., 2009; Guo et al., 
2014; Luby-Phelps et al., 1987). This results in time-dependent dynamics of cytoplasmic 
particles, where at smaller time scales the thermally-induced diffusion dominates, while at 
longer time scales the active force fluctuations become more important and enhance particle 
movements across longer distances within the cytoplasm (Guo et al., 2014; Lee et al.).  
 
In addition to these small-scale diffusive-like dynamics (both passive and active), cytoskeletal 
rearrangements can orchestrate long-range reorganization of bulk cytoplasm. Motors 
carrying cargoes along cytoskeletal tracks generate drag forces in the adjacent cytoplasm 
(Goldstein et al., 2008; Phillips et al., 2012; Shimmen and Yokota, 2004). These forces can 
 
 
trigger the movement of cytoplasmic structures, such as the nucleus, sperm aster and 
spindles to specific locations within the cell (Field and Lénárt, 2011; Xie and Minc, 2020). 
Moreover, the cumulative drag of these moving cargo-motor complexes, e.g. on arrays of 
microtubules anchored to the cortex, can induce coherent cytoplasmic flows spanning tens 
of micrometers as found in Drosophila oocytes or C. elegans zygotes (Kimura et al., 2017; 
Quinlan, 2016). Moreover, motors can induce cytoskeletal network flows and the friction-
based interaction of this network with the cytosol and/or other cytoplasmic components can 
also lead to cytoplasmic streaming (Deneke et al., 2019; Ierushalmi et al., 2020; Sakamoto et 
al., 2020). Large-scale rearrangements in the cytoplasm are of great importance to embryo 
development, where the positioning of cytoplasmic structures such as the Golgi, endoplasmic 
reticulum (ER), granules, nucleus and spindle provides the blueprint for future development.  
 
One remarkable aspect of cytoplasm is its self-organization capacity: it can organize its 
constituents both at the molecular and cellular scale in a temporally controlled manner. Even 
a fragment from a Xenopus oocyte, devoid of nucleus and centrosomes, can undergo surface 
contractions in synchrony with the donor oocyte, indicating the existence of a cytoplasmic 
biological clock (Hara et al., 1980). More recently, homogenized Xenopus oocyte extracts 
were found to spontaneously self-organize their cytoplasmic components including ER, 
mitochondria and microtubule structures into cell-like compartments even in the absence of 
any nuclear material (Cheng and Ferrell, 2019). Furthermore, advanced imaging techniques 
and biophysical methods which enable the visualization of cytoplasmic structures far from the 
cortex and the measurements of their mechanical properties, have highlighted that in 
addition to the cortical forces, forces created in the bulk of the cytoplasm can also contribute 
to determining organelle positioning and cytoplasmic patterning.  
 
In this chapter, we will focus on the mechanisms underlying large-scale cytoplasmic 
rearrangements predominantly driven by the actomyosin and microtubule networks. We 
start describing their functions in reduced in vitro systems, and then discuss how those 
mechanisms are employed in intact cells and embryos.  
 
1.2 Actomyosin-mediated processes 
The actomyosin cytoskeleton plays a key role in various forms of cytoplasmic reorganization. 
Generally, the architecture of the actin network, such as the proportion of anti-parallel to 
branched filaments, influences its motor activity and consequently its rate of contraction 
(Koenderink and Paluch, 2018; Reymann et al., 2012). Moreover, actomyosin network 
connectivity and motor activity need to be tightly titrated for stresses to propagate over larger 
distances without disrupting the network (Alvarado et al., 2013; Ideses et al., 2018). Network 
turnover, in addition, allows the maintenance of steady state contractions and flows while 
preserving network integrity (Malik-Garbi et al., 2019; McFadden et al., 2017). In this section, 
we will explore how such features of the actomyosin network are employed both in reduced 
in vitro settings and within developmental systems, for mediating robust and tunable large-




 Spatial organization of the cytoplasm in vitro 
Seminal studies using Xenopus egg extracts demonstrated the potential of the egg cytoplasm 
to spontaneously undergo gelation and contraction (Field et al., 2011). The encapsulation of 
this cytoplasm into cell-size three-dimensional (3D) compartments was further found to 
initiate persistent F-actin flows directed from the periphery to the center of the capsule (Pinot 
et al., 2012). These flows are created by myosin II-mediated active stresses and maintained 
by rapid network turnover which allows continuous dissipation of elastic stresses and the 
diffusion of the disassembled cytoskeletal constituents back to the capsule surface, where 
assembly takes place (Malik-Garbi et al., 2019). Interestingly, this self-organized steady-state 
flow of F-actin is able not only to exert friction on particles above a certain minimal size (Colin 
et al., 2016), but also to induce large-scale reorganization of the encapsulated cytoplasm, 
apparent by the relocalization of membranous organelles to distinct locations within the 
capsule (Tang et al., 2018). Importantly, the positioning of these organelles was shown to be 
capsule-size dependent, with larger capsules accumulating the organelle aggregates at their 
center and smaller ones asymmetrically near their surface. This difference in organelle 
positioning is related to different forces exerted by the actomyosin network: organelle 
centering is thought to be achieved by friction forces that arise at the interface between the 
actin network and its surrounding cytosol. It depends on both the relative flow velocity 
between these two structures and on the size of the network/interface itself, and is directed 
opposite to the network flow. Consequently, any asymmetry in the network size is levelled 
out by those friction forces, leading to network and organelle centering. In addition, organelle 
centering is promoted by the formation of actin ring-like structures on the organelle surface 
which push them towards the center of the droplet. Organelle off-center positioning, in 
contrast, is mediated by the transient and stochastic interaction of the actin network with the 
capsule boundary, leading to the formation of “bridge-like” structures, which then pull the 
organelles to the periphery and position them off-center. These bridge-mediated surface 
forces become more significant in smaller capsules, promoting organelle off-centering there 
(Ierushalmi et al., 2020; Sakamoto et al., 2020). Collectively, these studies reveal a tunable 
mode of self-organization, where by controlling the contractility of the bulk actin network 
and/or the extent by which it interacts with the cell boundary and cytoplasm, the symmetric 
or asymmetric localization of organelles can be controlled in a system-size dependent 
manner. 
 
 Nuclear and spindle positioning in the oocyte 
Studies using starfish oocytes undergoing meiosis shed light on the role of bulk actin 
structures in chromosome capture and their transport towards the cortex, where the meiotic 
spindle forms. The chromosomes of prophase I-arrested starfish oocytes are scattered across 
the nucleoplasm. Upon nuclear envelope breakdown (NEBD) an extensive network of F-actin 
encompasses the nuclear region and undergoes an isotropic and homogeneous mode of 
contraction while it remains anchored to the nearest part of the cortex at the animal pole 
(Lénárt et al., 2005; Mori et al., 2011). This results in the translocation of the actin network 
together with the entrapped chromosomal material towards the animal pole. The 
chromosomes are thought to be passively transported by the actin network due to them being 
larger than the actin network mesh-size (Mori et al., 2011). Interestingly, F-actin disassembly 
together with the crosslinking activity of a molecule with end-tracking features are suggested 
 
 
to drive this network contraction independent of myosin II (Bun et al., 2018; Zumdieck et al., 
2007).  
 
The ooplasm of the mouse oocyte contains a highly dynamic actin network, which is 
generated by the cooperative activity of the actin nucleators Formin-2, Spire1 and Spire2 
(Pfender et al., 2011; Schuh and Ellenberg, 2008). These nucleators are localized to both the 
actomyosin cell cortex and Rab11a vesicles, from where actin filaments nucleate and the bulk 
actin network becomes established. The cortical localization of these nucleators slightly 
polarizes the network with actin filament plus ends facing outward. In addition to actin 
nucleators, the Rab11a vesicles also recruit myosin Vb motors, allowing the vesicles to move 
along bulk actin filaments. The intrinsic polarity of the actin network is thought to bias vesicle 
movement towards the cell periphery, leading to their accumulation at the plasma membrane 
(Holubcová et al., 2013; Schuh, 2011). Interestingly, the motility of Rab11a vesicles along F-
actin filaments plays an important function in positioning of the nucleus to the oocyte center 
in prophase I-arrested mouse oocytes. This is achieved by the active motion of the vesicles, 
which increases with decreasing distance to the cortex, generating a pressure gradient along 
the radial axis of the oocyte, which then pushes the nucleus towards the oocyte center 
(Almonacid et al., 2015, 2018). As expected for a pressure gradient, this centering mechanism 
is not specific to the nucleus and can drive centering of passive particles of a certain minimal 
size (Colin et al., 2020). 
 
Upon NEBD the meiotic spindle in mouse oocytes, initially formed at the oocyte center, moves 
towards the cortex, where it drives the first asymmetric meiotic division. This movement is 
thought to be driven by the bulk actin cytoskeleton generating both pushing and pulling forces 
(Azoury et al., 2008; Dumont et al., 2007). Pushing forces are generated by an initially uniform 
actin cloud surrounding the spindle, which undergoes symmetry breaking. This leads to actin 
accumulating on only one side of the spindle, thereby exerting a comet-like pushing force 
triggering spindle migration towards the opposing cortex/plasma membrane (Li et al., 2008). 
This actin cloud is nucleated via Formin-2 located on the ER structures surrounding the spindle 
(Yi et al., 2013). The ER structures themselves are shown to be encompassed by mitochondria 
and actin polymerisation against the mitochondria surfaces is suggested to exert an initial 
pushing force on the spindle (Duan et al., 2020). Pulling forces, moving the spindle towards 
the cortex, are generated by the association of the aforementioned outward-moving Rab11a 
vesicles with the spindle through their established actin network together with myosin II 
activation on the spindle poles trigger pulling forces on the surrounding actin structures 
resulting in the translocation of the spindle to the nearest cortex (Holubcová et al., 2013; 
Schuh and Ellenberg, 2008). In addition to the bulk actin network, the actomyosin cortex also 
plays an important role in spindle positioning, since modulating cortical tension interferes 
with spindle migration. As spindle chromosomes move closer to the cortex, the actin 
nucleator Arp2/3 complex becomes activated at the cortex by a chromatin-induced signal. 
This locally increases cortical thickness, which in turn leads to myosin II exclusion from the 
cortex and cortex softening. The local softening of the cortex is thought to induce deformation 
of the cortex towards the approaching spindle, which then helps in amplifying the forces 
generated in the bulk, due to the cortex deformation-induced increase in filament density 
connecting the spindle to the cortex (Bennabi et al., 2020; Chaigne et al., 2013, 2015). Finally, 
cortical Arp2/3 accumulation next to the approaching spindle is also thought to induce a bulk 
actin flow from the region of the cortex next to the spindle along the periphery of the oocyte 
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towards its opposite pole. This peripheral flow will trigger a cytoplasmic backflow in the 
oocyte centre, thereby generating a swirling pattern that pushes the spindle further towards 
the cortex (Yi et al., 2011, 2013).  
 
The actin cytoskeleton has also been suggested to drive the cortical positioning of the meiotic 
spindle upon germinal vesicle breakdown (GVBD) in ascidian oocytes, together with the 
relocalization of other cytoplasmic domains and maternal mRNAs, thereby establishing the 
animal-vegetal (AV) axis in the oocyte (Prodon et al., 2008). Upon GVBD and spindle 
movement to the animal pole of the oocyte, a subcortical mitochondria-rich domain 
(myoplasm) and cortical ER accumulate at the vegetal pole. This accumulation is accompanied 
by the translocation of certain maternal mRNA towards the vegetal pole. Notably, this 
reorganization of ooplasm coincides with cytoplasmic flows at the oocyte periphery that 
depend on actomyosin network integrity and contraction, although the precise role of the 
actomyosin network in ooplasmic reorganization remains unclear. Importantly, however, 
unlike in mouse oocytes, cytoplasmic flows and depletion of cortical ER and myoplasm from 
the animal pole in ascidian oocytes are established before the spindle reaches the animal 
pole. This suggests that, in contrast to the mouse oocyte, positioning of the meiotic spindle 
to the animal pole is not critical for inducing large-scale ooplasmic flows. Yet, similar to the 
situation in mouse oocytes, once the meiotic spindle has reached the animal pole, keeping it 
there depends on bulk cytoplasmic flows directed towards the animal pole as a result of the 
cortical ooplasmic flows driving the vegetal accumulation of cortical ER and myoplasm. 
 
Collectively, these studies on oocytes illustrate the tunability of the self-organizing 
actomyosin network, where active transport of vesicles along polarized actin tracks initially 
position the nucleus to the center, and then, after NEBD, contribute in spindle migration to 
the oocyte periphery. Remarkably, by incorporating different actin nucleators, the mode of 
contraction of the actomyosin network can be altered from local network contractions, which 
exhibit active diffusion dynamics, to large-scale actomyosin network flows, which drive 
cytoplasmic flows. 
 
 Cytoplasmic streaming in the zygote 
Fertilization kick-starts a spectrum of events such as sperm entry, cortical and cytoplasmic 
reorganization, establishment of the embryonic axis, fusion of the female and male pronuclei, 
etc. The proper coordination of these events relies on intact cytoskeletal networks. 
In the C. elegans zygote cortical actomyosin is uniformly organized in foci and undergoes 
cortical contractions around the surface of the cell. At the end of meiosis the sperm 
centrosome moves close to the cortex, marking the future posterior pole. The proximity to 
the cortex allows mitotic kinase Aurora A (AIR-1) to diffuse and generate a gradient of 
phosphorylated AIR-1 from the centrosome to the cortex. Active AIR-1 in the cortex induces 
local removal of ECT-2 from the immediate cortex thus inhibiting the RHO-1 pathway and 
downregulating myosin contractility locally. As a consequence, a gradient of contractility is 
established along the anterior-posterior axis that results in bidirectional flows within the 
zygote. On the one hand, higher cortical tension anisotropy at the anterior pole drives cortical 
actomyosin flows in that direction. On the other hand, the hydrodynamic properties of the 
cytoplasm facilitate the transmission of the forces generated by cortical flows deep in the 
cytoplasm and the establishment of posteriorly directed bulk cytoplasmic streaming. 
 
 
Flows of cortical actomyosin have been shown to play a morphogenetic role in the C. elegans 
zygote by transporting to the anterior pole proteins like PAR3 and PAR6, involved in the 
establishment of anterior-posterior polarization. Interestingly, a recent study revealed the 
role of cytoplasmic flows in facilitating the incorporation of PAR proteins in the plasma 
membrane (Mittasch et al., 2018). Moreover, advection flows generated by the actomyosin 
cortex carry other proteins such as the actin regulator CDC42 thereby creating a positive 
mechanochemical feedback loop that amplifies and reinforces symmetry breaking and 
embryo polarization. 
 
Zebrafish oocytes contain yolk granules (YGs), which are composed of lipids and proteins and 
act as a nutrition reservoir. These structures are intermixed with the cytoplasm at the onset 
of fertilization. During the first few meroblastic cell cleavage cycles, the cytoplasm streams 
towards the animal pole into the forming blastodisc, while YGs move towards the vegetal 
pole, resulting in the complete segregation of cytoplasm from YGs along the AV axis 
(Fernández et al., 2006; Fuentes and Fernández, 2010; Fuentes et al., 2018). When the 
zebrafish oocytes enter metaphase of each cleavage cycle, a bulk actin polymerization wave, 
starting from the nucleus at the animal pole, sweeps across the entire oocyte towards the 
vegetal pole. This wave is thought to drive the segregation of cytoplasm-yolk granules by a 
combination of pulling and pushing forces: F-actin polymerization establishes an animal-to-
vegetal bulk actin network gradient that triggers large-scale actin flows towards the animal 
pole. This actin flow, in turn, drags the cytosol along and leaves the YGs behind, due to the 
larger interface, and thus higher friction, of the actin network with the cytosol compared to 
YGs. In addition, actin comet-like structures polymerize on the animal surface of YGs and push 
them towards the vegetal pole. This illustrates a simple and generic mechanism for large-scale 
cytoplasmic reorganization driven by differential friction forces between actin and 
surrounding cytoplasmic components (Ierushalmi and Keren, 2019; Shamipour et al., 2019). 
 
Notably, bulk actin flows that were observed in encapsulated Xenopus extracts are directed 
towards the center of the capsule (see above), while in the case of mouse or zebrafish oocytes 
they are directed towards the animal pole. In zebrafish oocytes, this difference is due to the 
initial animal-to-vegetal actin gradient, breaking symmetry in the system. In line with this, 
flattening this actin gradient in zebrafish oocytes using actin (de)stabilizing drugs, resulted in 
ooplasmic flows directed towards the center instead of the animal pole. This highlights the 
modularity of those self-organizing bulk actin flows and their potential in directing 









Figure 1 Actomyosin-mediated large-scale reorganizations in extracts and oocytes 
A. Organelle positioning in encapsulated extracts of Xenopus egg. Large capsules position the organelles in their 
center, smaller capsules to their periphery (A’). The organelle positioning is driven by the interplay of center-
wards actomyosin flows (bottom) and the bridge-like structures connecting organelles to the droplet surface 
(top). Modified from (Ierushalmi et al., 2020; Sakamoto et al., 2020). 
B. Mouse nucleus centering instructed by a gradient of vesicle motility. B’. myosin ii-mediated pulling forces on 
the surrounding actin network and actin polymerization forces behind the spindle lead to its migration towards 
the cortex. B’’. Arp2/3-mediated bulk actin flows orchestrate cytoplasmic flows, which in turn push the spindle 
towards the cortex. Modified from (Almonacid et al., 2015; Holubcová et al., 2013; Li et al., 2008; Schuh and 
Ellenberg, 2008; Yi et al., 2011). 
C. Ooplasm-yolk granules segregation in zebrafish oocytes is promoted by bulk actin polymerization waves 
towards the vegetal pole that establish bulk actomyosin flows towards the animal pole, dragging the cytoplasm 
along (bottom) and exerts pushing forces on yolk granules in the opposite direction (top). Modified from 
(Shamipour et al., 2019). AP, Animal pole, VP, Vegetal pole. Sagittal views. 
 
 Cytoplasmic streaming in the syncytial tissue 
Drosophila embryos undergo 13 rounds of nuclear divisions without cytokinesis, leading to 
the formation of a syncytium. During the first three division rounds, the nuclei are positioned 
in the anterior half of the embryo and do not exhibit significant displacement. However, in 
the following three division rounds, extensive and periodic cytoplasmic flows take place 
within the embryo that result in spreading of the nuclei along the anterior-posterior (AP) axis 
(von Dassow and Schubiger, 1994). At the exit of each cell cycle, the level of mitotic 
phosphatase PP1 increases spreading up to the actomyosin cortex overlying the dividing 
nuclei. PP1 activity at the cortex is suggested to recruit myosin II, thereby establishing a global 
cortical myosin II gradient along the AP axis of the embryo with its peak adjacent to the 
dividing nuclei. The cortical myosin II gradient in turn creates actomyosin flows directed 
towards the peak of myosin II close to the center of the embryo, which takes along the directly 
underlying surface cytoplasm. Due to the incompressibility of the cytoplasm, these center-
ward surface cytoplasmic flows are balanced by pole-ward flows of the bulk cytoplasm that 
carry the nuclei along, thereby facilitating nuclei spreading along the AP axis. Interestingly by 
cell cycle 7, when the nuclei are evenly distributed along the AP axis and hence the myosin II 
gradients are lost, the cytoplasmic and nuclei movements cease. The resultant even spacing 
of nuclei along the AP axis is critical for ensuring the synchrony of cell cycles by equalizing the 
nuclear to volume ratio of all nuclei (Deneke et al., 2019).  
 
Actin-dependent cytoplasmic streaming is also observed in the C. elegans gonad, which is 
structured into two cylindrical U-shaped arms connected by a common uterus. Each arm 
consists of a central anucleate region (rachis) that is connected to the germ cells surrounding 
it through cytoplasmic bridges, forming a syncytium. As the germ cells grow and mature into 
differentiated gametes, they incorporate cytoplasmic components from the rachis due to 
cytoplasmic flows within the rachis directed towards its proximal end. Interestingly, these 
flows depend on bulk actomyosin, which is upregulated by the major sperm protein (MSP) 
signaling pathway at the proximal end of the rachis, the place where the oocytes are forming, 
and downregulated by the GLP-1/Notch signaling pathway at its distal end (Wolke et al., 
2007). The resultant proximal-directed cytoplasmic flows are thought to drive oocyte 
expansion and maturation at the proximal end of the gonad (Nadarajan et al., 2009). 
However, the precise interplay between these signaling pathways and their role in the 




Altogether these results indicate various mechanisms based on F-actin polymerization and 
the associated myosin motors that can organize organelles within the cytoplasm and across 
large distances by exerting centering or decentering forces. Centering forces can be of a 
hydrodynamic nature and due to the friction between the flowing actomyosin network and 
the surrounding cytosol or through a pressure gradient, created by active vesicle motility in 
the cytoplasm. Decentering forces instead require specific interactions with the surface 
through forming structures that connect the organelles to the surface or can be given by 
contractility gradients in the actin network itself. Additionally, fountain-like cytoplasmic 
streaming appears as a common toolset in embryonic development, which enables pushing 
of spindle to the cortex, distribution of clustered nuclei across the embryonic axis and also 
segregation of the cytoplasm from large YGs. The differential friction between the flowing 




Figure 2 Actomyosin-mediated large-scale reorganizations in syncytia 
A. Nuclear spreading in Drosophila embryos during axial expansion, driven by flows of cortical actomyosin 
towards where the Myosin ii levels peak. A’. Drosophila embryo with the nuclei spread along the anterior-
posterior axis.  Modified from (Deneke et al., 2019) 
B. Cytoplasmic streaming in C.elegans gonad resulting in oocyte growth and promoted by actomyosin structures. 




1.3 Microtubule-mediated processes 
The microtubule cytoskeleton plays fundamental roles in orchestrating cytoplasmic 
reorganization, such as positioning of the nucleus and spindle, transporting molecules and 
defining the cleavage plane in dividing cells. While at the macroscopic scale the microtubule 
cytoskeleton appears to be rather stable, its individual components, such as microtubules and 
associated motors, are highly dynamic. Microtubules are known to undergo dynamic 
instabilities defined by (de)polymerization rates, catastrophe and rescue frequencies. Despite 
this dynamic nature, cells rely on the mechanical integrity and cargo-transport capability of 
the microtubule network to pattern their cytoplasm.  
 
In this section, we aim at describing the large-scale cytoplasmic reorganizations that are 
mediated by microtubule structures, and discuss how their dynamic behavior and interaction 
with molecular motors and the surrounding cytoplasm can effectively be converted into 
forces that reorganize the cytoplasm. 
 
 Spatial organization of the cytoplasm in vitro 
Studies using interphase Xenopus egg extracts showed that the cytoplasm can self-organize 
across hundreds of micrometers in the order of minutes. Homogenized extracts can 
compartmentalize themselves into cell-like compartments with the ER and mitochondria 
positioned at the center and dense microtubules at the periphery. Interestingly, when sperm 
nuclei are added to the extract, they become localized to the center of these compartments, 
a pattern reminiscent to that of cells. These compartments are separated from each other by 
boundary zones that are largely devoid of microtubules, ER or mitochondria. The organization 
of these cell-like compartments is dependent on the movement of the microtubule motor 
dynein towards the center, taking along ER and mitochondria (Cheng and Ferrell, 2019; 
Mitchison and Field, 2019). The boundary zones between the compartments are established 
by the overlap between neighboring astral microtubule structures concentrating Aurora B, 
thereby inhibiting plus-end microtubule growth, and recruiting several cytokinesis-midzone 
proteins that drive microtubule plus end capping (Nguyen et al., 2014, 2018). Together, these 
findings reveal an important role of the microtubule cytoskeleton for cytoplasmic self-
organization in Xenopus egg extracts by building cell-like compartments that are clearly 
separated from each other (Cheng and Ferrell, 2019).  
 
In addition to spatially subdividing the cytoplasm, such large-scale microtubule networks can 
also control the dynamics of other structures therein. For instance, the growth of nuclei was 
shown to depend on the spatial environment surrounding the nucleus, which predominantly 
is composed of microtubules and ER membrane networks. Using the Xenopus egg extract 
system confined in microfabricated channels of various dimensions, it was shown that 
spatially constraining the nuclear environment slows nuclear growth, and that this effect 
depends on the size and integrity of the surrounding microtubule and ER networks. This effect 
is thought to be mediated by the microtubule network surrounding the nucleus facilitating 
the transport and accumulation of ER-associated membranes towards the nucleus and 
through dynein motors, which in turn promotes nuclear expansion rate (Hara and Merten, 
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2015). Overall these studies using Xenopus egg extracts feature the potential of microtubule 
networks in reorganizing the cytoplasm and thereby influencing organelle biogenesis. 
 
 Aster positioning 
Microtubule asters play a central role in spindle positioning during oocyte fertilization or cell 
division (McNally, 2013). Microtubule filament growth or shrinkage when in contact with 
surfaces, such as the cell cortex, can generate both pushing and pulling forces (Dogterom et 
al., 2005; Grishchuk et al., 2005), a mechanism implicated in nuclear centering in 
Schizosaccharomyces pombe (Tran et al., 2001) and anterior-ward nuclear translocation 
during Drosophila oogenesis (Zhao et al., 2012). Moreover, microtubule pulling forces 
mediated by dynein motors localized at the cell cortex drive spindle migration towards the 
posterior pole of the C.elegans zygote, which in turn results in its asymmetric cell division. 
These pulling forces are the result of cortical dynein, a minus-end directed motor protein, 
binding to astral microtubule filaments growing towards the cortex with their plus-ends. Once 
bound, these dynein motors attempt to walk on the microtubule filaments towards their 
minus-ends directed away from the cortex, thereby pulling the filaments towards the cortex 
(Gönczy, 2008; Nguyen-Ngoc et al., 2007). Finally, microtubule aster and spindle migration 
was also proposed to be mediated by dynein carrying cargos and moving along microtubules 
in the bulk of the cytoplasm (Xie and Minc, 2020). According to this model, the dynein motors, 
by carrying cargos along microtubule tracks, exert pulling forces on the microtubules that are 
equal to the forces they experience by moving through the viscous/elastic surrounding 
cytoplasm and oriented in the opposite direction of the cargo transport. Consequently, 
microtubule filament length scales with the pulling forces exerted by cargo carrying dynein 
motors on them, assuming a constant motor density on those filaments. This length-
dependency of pulling forces on the asters can also explain aster centering where asymmetric 
aster sizes are directly translated into asymmetric pulling forces on these asters reducing their 
asymmetry (Kimura and Onami, 2005; Tanimoto et al., 2016; Wühr et al., 2010).  
 
Although the length-dependent pulling model can explain aster centering in the absence of 
cortical interactions, its underlying assumptions are still being addressed. To this end, a bulk 
in vitro assay was developed to create an “aster-like” configuration where a bead was bound 
to a few microtubules, each with its own dynein-coated bead at the opposite end. It was 
shown that the forces created by the cargo-motor complexes can induce aster motion and 
their balance sets the direction and magnitude of aster velocities (Palenzuela et al., 2020). For 
instance, work on Xenopus egg extracts showed that the bulk dynein-mediated forces, driving 
aster migration therein, are exerted only at the surface of the asters and not all along the 
aster volume (Pelletier et al., 2020), questioning the extent by which the length-dependent 
pulling model can account for aster movements in different environments.  
 
Collectively, these studies implicate various mechanisms by which microtubules control aster 
positioning. To estimate their specific roles, work on C. elegans zygotes showed how the male 
and female pronuclei, which are initially positioned at the opposite poles of the zygote, move 
to the center. The male pronucleus is associated with two accompanying asters, the ‘aster 
complex’, that drive its migration by both pulling forces originating from dynein motors 
located at the cortex and dynein-mediated length-dependent centering forces (Kimura and 
Kimura, 2011; Rose and Gönczy, 2014). In addition, dynein motors associated with the female 
 
 
pronuclear envelope pull on the microtubules extending from the aster complex, thereby 
pulling female and male pronuclei together (Gönczy et al., 1999). The specific depletion of 
nuclear and/or cortical dynein revealed the extent by which each of these force-generating 
processes drive pronuclei migration and highlighted the necessity of considering all the 
potentially involved mechanisms for a comprehensive understanding of the process (De 
Simone et al., 2018). 
 
 Cytoplasmic streaming in the oocyte/zygote 
Microtubules and their associated molecular motors organize the cytoplasm not only by 
facilitating transport of organelles, but also more generally by generating forces on their 
surrounding cytoplasm and cytoskeleton. While the propagation of forces created by a single 
motor is local, many motors moving in the same direction are capable of producing forces 
that can be transmitted to large parts of the cytoplasm. In fact the cargo size normalized to 
the distance between cargos, rather than cargo size alone, sets the strength of cytoplasmic 
flows, suggesting that both large and small cargos, and even motors without cargos, can 
trigger fast cytoplasmic flows, as long as they are closely packed. Considering the long length 
of the microtubules within cells, arrays of microtubules, with molecular motors attached to 
it, should be capable of triggering large-scale intracellular cytoplasmic flows (Monteith et al., 
2016). 
 
An example for microtubule-driven cytoplasmic flows functioning in cytoplasmic 
reorganization is the developing Drosophila oocyte, which is connected to 15 nurse cells at its 
anterior side. During oocyte maturation, the nurse cells pump their cytoplasm into the oocyte, 
thereby providing the oocyte with mRNAs, proteins and organelles, needed for its growth. 
This process is accompanied by cytoplasmic streaming within the oocyte, which can be 
subdivided into an initial slow phase followed by a fast phase that results in further mixing of 
the nurse cells cytoplasm with the oocyte ooplasm (Gutzeit and Koppa, 1982). Both phases 
rely on microtubules and the microtubule motor kinesin-1 (Gutzeit, 1986; Palacios and St 
Johnston, 2002). The function of kinesin-1 in these processes critically depends on the buildup 
of a dynamic 3D network of microtubules within the oocyte during the mid to late stages of 
oogenesis (Quinlan, 2016). Microtubules are thought to be nucleated at the cortical regions 
of the oocyte, where 𝛾𝛾-tubulin is enriched, and extend their plus ends towards the oocyte 
center. Kinesin-1 mediated organelle transport along this apparently random meshwork 
results in slow and disordered cytoplasmic streaming, due to the viscous drag forces in the 
ooplasm (Ganguly et al., 2012). Concomitant with the onset of late oogenesis, when the nurse 
cells pump all their remaining cytoplasm into the oocyte, the microtubule network self-
organizes into parallel arrays at the anterior side of the oocyte, thereby creating long-range 
cytoplasmic streaming, which triggers the mixing of nurse cells cytoplasm with the oocyte 
ooplasm. The transition between slow and fast cytoplasmic flows is thought to depend on 
various non-exclusive mechanisms, including the relocalization of 𝛾𝛾-tubulin to deeper regions 
from the cortex, the dissolution of the bulk actin network, or the regulation of motor activities 
(Dahlgaard et al., 2007; Parton et al., 2011; Serbus et al., 2005). Intriguingly, randomly-
oriented microtubule networks are thought to self-organize themselves into parallel arrays 
when motor activity levels exceed a threshold. This self-organizing capacity of microtubules 
depends on the movement of kinesin-1 motors towards microtubule plus ends, exerting shear 
forces on the cytoplasm but also compressive forces, in the opposite direction, to the 
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microtubules on which they move. The forces on the cytoplasm lead to cytoplasmic flows, 
which in turn exerts shear forces on microtubules, synchronizing the movement of 
neighboring microtubules. The compressive forces, on the other hand, can lead to 
microtubule buckling, enabling their reorganization. The buckling of microtubules and their 
synchronized movements can then promote their reconfiguration into parallel arrays in the 
presence of a threshold motor activity, facilitating the viscous drag forces created by the 
kinesin-1 motors and their associated cargos to propagate to larger distances and induce 
cytoplasmic flows across the oocyte (Monteith et al., 2016). 
  
These studies show that for such self-organization of microtubules to take place, their 
hydrodynamic coupling within the cytoplasm is essential. Notably, hydrodynamic coupling is 
not only dependent on the microtubules themselves but also on other cytoskeletal or 
macromolecular structures within the cytoplasm. Studies in C. elegans zygotes, for instance, 
demonstrated that during meiosis II, the ooplasm undergoes extensive flows, which are 
dependent on microtubules and kinesin-1 motors. In this process, microtubules are anchored 
to the cortex with their minus ends and are aligned along the shorter axis of the oocyte, 
corresponding to the direction of the cytoplasmic flows. Kinesin-1 motors were found to carry 
cargoes, such as ER structures, towards the microtubule plus ends within the oocyte center, 
thereby generating drag forces in the cytoplasm that drive its streaming (Kimura et al., 2017). 
Reminiscent of the situation in the Drosophila oocyte, the shear induced by those cytoplasmic 
flows is thought to drive the alignment between neighboring microtubules in a positive-
feedback loop that enhances the cytoplasmic flows and relies on ER-mediated hydrodynamic 
coupling between microtubules and the cytoplasm. Similar observations were also made in 
Xenopus egg extracts, where ER showed to be critical for microtubule-induced cytoplasmic 
flows by acting not only as cargo creating shear forces in the cytoplasm, but also transducing 
these forces across larger distances. These results highlight the self-organizing capability of 
microtubules and their associated motors in self-alignment and correlated dynamics, which 






Figure 3 Microtubule-mediated large-scale reorganizations in extracts and oocytes 
A. Left: Homogenized Xenopus egg extracts compartmentalizing into cell-like compartments. Middle-top: Dense 
microtubules (green) appear at the periphery, Middle-bottom: Endoplasmic reticulum (ER, cyan) positioned at 
the interior, surrounding the nucleus. Right: Dynein motors (gray) move towards the compartment center, taking 
along ER and other cargos (cyan). Modified from (Cheng and Ferrell, 2019). 
B. Male and female pronuclei migration in C.elegans zygote. Forces originating from dynein motors located at 
the cortex, in the cytoplasm and on the female pronuclear envelope pull on the microtubule asters and female 
and male pronuclei and collectively drive their centering. B’. Centrally located female and male pronuclei. 
Modified from (De Simone et al.,2018). 
C. Kinesin 1-mediated cytoplasmic streaming in Drosophila oocytes. Oocyte at mid stages of oogenesis, 
corresponding to slow cytoplasmic streaming. C’. Oocyte at late stages of oogenesis, corresponding to fast 
cytoplasmic streaming. Bottom-left: Kinesin 1 motors carrying cargos along random meshwork of microtubules. 
Middle-top: Shear forces in the cytoplasm results in microtubule alignment. Middle-bottom: Compressive forces 
by motors can cause microtubule buckling. Bottom-right: Microtubules align, resulting in large-scale cytoplasmic 
flows. Modified from (Monteith et al., 2016; Quinlan, 2016). 
D. Kinesin 1-mediated cytoplasmic streaming in C.elegans oocytes. Middle: Kinesin 1 motors carrying cargos 
along random meshwork of microtubules. ER network provides hydrodynamic coupling. Right: Shear forces 
induced by cytoplasmic flows lead to microtubules alignment. Modified from (Kimura et al., 2017). A, Anterior, 
P, Posterior. Sagittal views. 
 
 Nuclear positioning in the syncytial tissue 
After the process of axial expansion during which the nuclei spread along the anterior-
posterior axis of the Drosophila syncytium (see above), nuclei migrate towards the cortex 
establishing a uniform monolayer at the surface of the embryo. Microtubules were thought 
to drive this process (Zalokar and Erk, 1976). Analysis of microtubule asters during nuclear 
migration revealed that they are asymmetric with the side pointing towards the cortex being 
shorter than the side extending towards the center. This suggests that microtubule-length-
dependent pulling mechanisms cannot explain the such nuclei migration. Instead, a pushing 
model was proposed where a network of interdigitating microtubule asters forming during 
telophase and early interphase of each cell cycle generates pushing forces that repel 
neighboring nuclei. This repulsive mechanism is thought to result in expansion of nuclei across 
the syncytium and in particular drive their cortical migration (Baker et al., 1993). 
 
Once the nuclei have arrived at the cortex of the Drosophila syncytium, they undergo four 
more rounds of nuclear divisions before cellularization sets in. Interestingly, while during each 
cycle the spindles expand their length to segregate chromosomes, the distance between 
neighboring nuclei (and their associated centrosomes) does not significantly change and the 
nuclear density remains uniform (de-Carvalho et al., 2020). This points at the existence of a 
local ordering mechanism, regulating the distance between neighboring nuclei. Similar to 
previous findings on nuclear migration towards the cortex (Baker et al., 1993), force potentials 
around astral microtubules, which repulse neighboring asters and thereby define spindle 
positioning and orientation, were recently proposed to represent such ordering mechanism. 
How force potentials around microtubule asters are established is not yet entirely clear, but 
the astral interaction zones, consisting of overlapping antiparallel microtubules, were shown 
to recruit cytoskeletal proteins that cross-link microtubules in the overlap zone and thus 
potentially confer mechanical stiffness to those zones (Deshpande et al., 104AD).  
 
Once the nuclei have arrived at the cortex of the Drosophila syncytium, they undergo four 
more rounds of nuclear divisions before cellularization sets in. Interestingly, during each cycle 
 
 
the spindles expand their length to segregate chromosomes, the distance between 
neighboring nuclei (and their associated centrosomes) does not significantly change and the 
nuclear density remains uniform (de-Carvalho et al., 2020). This points at the existence of a 
local ordering mechanism, regulating the distance between neighboring nuclei. Similar to 
previous findings on nuclear migration towards the cortex (Baker et al., 1993), force potentials 
around astral microtubules, which repulse neighboring asters and thereby define spindle 
positioning and orientation, were recently proposed to represent such ordering mechanism. 
How force potentials around microtubule asters are established is not yet entirely clear, but 
the astral interaction zones, consisting of overlapping antiparallel microtubules, were shown 
to recruit cytoskeletal proteins that cross-link microtubules in the overlap zone and thus 
potentially confer mechanical stiffness to those zones (Deshpande et al., 104AD).  
 
Although the exact nature and the underlying molecular machinery mediating the repulsive 
interactions and pushing forces amongst microtubule asters, and the role of the mitotic waves 
therein, are yet to be fully determined, these studies point at a remarkable self-organizing 
capacity of microtubule structures in evenly distributing nuclei across a syncytium. The areas 
with low nuclear density exhibit low repulsive forces, which in turn allows the neighboring 
spindles to orient the division axis towards them, and occupy the space until nuclei density 
becomes more uniform.  
 
 
Figure 4 Microtubule-mediated large-scale reorganizations in syncytia 
A. Nuclear migration in drosophila embryos towards the cortex establishing a monolayer at the surface of the 
embryo (A’). The pushing forces between interphase asters is thought to drive this migration. Sagittal views, 
modified from (Baker et al., 1993). 
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B. Nuclei maintain a uniform spacing during last syncytial nuclear divisions (B. cycle 10, B’. cycle 11). Pushing 
forces between astral microtubules are thought to repulse neighboring asters and thereby define spindle 
positioning and orientation. Cortical views, modified from (Deshpande et al., 104AD). A, Anterior, P, Posterior. 
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2 Zebrafish early embryogenesis 
 
2.1 Introduction 
Embryonic development begins with fertilization. Unfertilized eggs that are usually arrested 
in the metaphase of second meiosis resume their cell cycle and extrude the second polar 
body, leading to the formation of the female pronucleus. The female pronucleus then fuses 
its genetic material with that of the male pronucleus resulting in a zygote. The fusion of 
pronuclei is a mode of cytoplasmic reorganizations that often involves the cell cytoskeleton. 
Generally, cytoplasmic reorganization is a hallmark of early embryogenesis, during which the 
embryo repositions different RNAs, proteins or organelles to specific locations within the egg, 
driving patterning and body axis establishment. In the following, I will describe some of the 
known reorganization processes that take place in early cleavage cycles of zebrafish embryos 
such as cytoplasm-yolk granules segregation, dorsal determinant positioning and germ 
granules segregations. 
 
2.2 Cytoplasm-Yolk granules segregation 
The first axis to become established in zebrafish oocytes is the animal-vegetal (AV) axis 
defined during the early stages of oogenesis and through a structure, conserved amongst 
vertebrates, known as the Balbiani Body (Bb). Bb is a transient structure that contains 
endoplasmic reticulum (ER), mitochondria, Golgi, proteins and RNAs, some of which play key 
roles in the establishment of AV and dorsal-ventral axes and the formation of germ cells in 
zebrafish embryos (Marlow 2010). The Bb initially forms adjacent to the centrally located 
nucleus, then detaches from it and migrates towards the cortex, where it dissolves and 
releases its constituents. The dissociation of Bb components at a cortical location is thought 
to limit the animal pole transcripts to the opposing end, hence defining the AV axis (Marlow 
and Mullins 2008). In the third chapter, I will describe in more detail the early symmetry-
breaking events that coincide with the Bb formation and lead to its asymmetric positioning. 
During mid-stages of oogenesis, yolk granules (YGs) appear in the oocyte via the endocytosis 
of a maternally-provided protein, called Vitellogenin. YGs are common structures amongst 
birds, fish and reptiles and due to their lipid and protein composition, they act as the nutrition 
for the future larva (Selman et al. 1993). The formation of YGs results in oocyte growth, 
reaching up to 700 μm in diameter. In addition to YGs, oocytes consist of all the maternally-
provided organelles, RNAs, proteins, macromolecules distributed across their cytoplasm.  The 
initially mixed cytoplasm and YGs become segregated to the opposite poles of the egg during 
late oogenesis and early embryogenesis. 
Towards the end of oogenesis and during the process of oocyte maturation, cytoplasm 
accumulates as a small layer at the animal pole, that is devoid of YGs, forming the precursor 
of the blastodisc. The blastodisc size remains small until the end of oogenesis and expands 
after fertilization (Fuentes, Mullins, and Fernández 2018; Fernández et al. 2006). Upon 
fertilization and during the first cleavages, cytoplasm, that is spread across the zygote, flows 
towards the animal pole, while YGs move towards the vegetal pole. This results in expanding 
 
 
the blastodisc region and further segregation of cytoplasm from YGs (Fuentes and Fernández 
2010). Concomitantly, the blastoderm undergoes several rounds of meroblastic cleavages, 
increasing cell number. During these stages, Ca2+- and cell-cycle-dependent pathways are 
thought to orchestrate the cytoplasmic reorganizations through cell cytoskeletal structures. 
 
Figure 5 Blastodisc formation and expansion during the first cycle of zebrafish embryos 
A-C: A freshly laid egg with small blastodisc (bd) on top of the yolk cell (yc). During pronuclei fusion, the blastodisc 
expands slowly via an unknown mechanism. Inset: female and male pronuclei that are initially separated, fuse. 
D-F: The zygote undergoes the first cleavage as shown in the inset. During the early part of the cleavage cycle (D 
and E) the cytoplasm flows towards the animal pole along the axial streamers (as). Inward black arrows indicate 
cortical constriction at the margin of the blastoderm. At the end of the cleavage cycle (F) and by the formation 
of cleavage furrow (cf), the cytoplasmic flows cease and cortical shoulder relaxes (outward-pointing black 
arrows). Insets: DAPI-stained nuclear DNA. Image taken from (Fuentes and Fernández 2010). 
 
The initial expansion of the blastodisc happens in the first 30 minutes post-fertilization and 
during the process of pronuclei fusion (Figure 5A to 5C). During this time, the cytosolic and 
cortical levels of Ca2+ rise. These Ca2+ elevations are thought to be released from the internal 
ER in an IP3-/IP3 receptor-dependent manner (Kinsey and Sharma 2004). The release of Ca2+ 
in this time window coincides with slow cytoplasmic movements resulting in small 
enlargement of the blastodisc. Despite this correlation, mechanistic insights explaining the 
biophysical forces driving the initial slow cytoplasmic streaming are yet to be determined. 
As the zygote enters the first cell cycle, fast cytoplasmic streaming occurs, expanding the 
blastodisc and significantly elevating the animal pole cortex (Figures 5D to 5F). Fast 
cytoplasmic flows take place via long paths of cytoplasmic canals known as axial streamers, 
which connect the cytoplasmic pockets to the blastodisc margin. These flows are tightly linked 
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to the cell cycle: appearing in metaphase and ceasing in anaphase and cytokinesis (Fuentes 
and Fernández 2010; Shamipour et al. 2019).  Several studies have explored the mechanisms 
underlying the fast cytoplasmic flows that occur during the early cleavage cycles. I will 
summarize the proposed models and the observations that each model is based on in the 
following (Beams et al. 1985; Leung, Webb, and Miller 1998, 2000; Fuentes and Fernández 
2010). 
Chemical treatments early on clarified that fast cytoplasmic streaming towards the animal 
pole does not rely on microtubule structures as treating the embryos with the microtubule-
depolymerizing drug did not affect the blastodisc expansion, despite its effects on the 
following cytokinesis. On the other hand, depolymerizing actin filaments were found to 
hamper cytoplasmic streaming and blastodisc expansion (Katow 1983; Leung, Webb, and 
Miller 1998; Fuentes and Fernández 2010). Moreover, scanning electron microscopy images 
indicated that the thickness of the animal pole cortex drops during cytoplasmic flows and 
increases again when the flows halt. This contrasts with the vegetal pole cortex, whose 
thickness remains rather constant throughout this process (Beams et al. 1985). The thinning 
of the cortex was suggested to result in a drop in its tension. This led to a model in which the 
reduction of animal pole cortical tension initiates flows towards it, in a fashion similar to a 
blebbing event (Charras and Paluch 2008). And since the viscosity of the cytoplasm is 
supposedly less than that of YGs, cytoplasm flows faster towards the animal pole, and YGs 
stay behind. Accordingly, at the end of each cell cycle, when animal pole cortical tension 
recovers, cytoplasmic flows cease. Although these experiments have measured cortical 
thickness, the actual cortical tension measurements were not performed. Moreover, the 
assumptions of this model based on cytoplasm and YGs viscosity remained untested. Finally, 
the correlations between cytoplasmic flows and cortical tension dynamics were not assessed 
in causality links using mechanical or local chemical perturbations. 
Another model for explaining the cytoplasmic flows relies on Ca2+ imaging, in which Ca2+ 
elevations were observed during cytoplasmic flows. Ca2+ levels appeared to increase at the 
shoulder regions connecting the blastodisc margin and the rest of the embryo (Figure 6). 
Interestingly, Ca2+ spikes spatiotemporally correlated with constriction-like shape changes at 
these shoulder regions and were reported to colocalize with cortical actin accumulations. 
Moreover, Ca2+ chelation experiments were shown to abolish cytoplasmic flows completely. 
These results cumulatively led to a Ca2+-mediated actomyosin mode of contraction at the 
shoulder region, which in turn squeezes the cytoplasm towards the animal pole (Leung, 
Webb, and Miller 1998, 2000). In agreement with the role of Ca2+ in modulating cytoplasmic 
flows, a Ca2+-deficient zebrafish mutant, brom bones, also reveals cytoplasmic segregation 
defects (Mei et al. 2009). Such a Ca2+ increase can contribute to bulk actomyosin contractility 
in addition to the cortical constrictions, and hence modulate the flows. Alternatively, Ca2+ 
levels might be necessary for several other downstream pathways, such as the cell cycle 
machinery itself. Indeed, Ca2+ spikes are thought to promote cyclin B degradation at the onset 
of fertilization for the meiosis to resume (Nixon et al. 2002). Therefore, due to the possible 
crosstalk between Ca2+ levels and other signaling pathways, careful analysis is required to 
pinpoint the exact role that Ca2+ plays in modulating cytoplasmic flows. 
In addition to the two models discussed above, cortical softening and cortical shoulder 
constriction, immunofluorescence experiments and electron microscopy imaging have led to 
 
 
the observation of microfilaments in bulk within the cytoplasmic pockets, which were 
suggested to potentially contribute to the flows, while their role was not investigated (Beams 
et al. 1985; Fuentes and Fernández 2010). With the advancement of imaging techniques and 
the development of transgenic tools, it was possible to visualize these filaments in a precise 
spatiotemporal resolution and across the whole embryo. This led to the observation that bulk 
actin undergoes periodic polymerization and depolymerization synchronous with cell cycle 
oscillations. Close examination of these oscillations revealed that the bulk actin 
polymerization happens in metaphase of the cell cycle and depolymerizes during anaphase 
and cytokinesis, and in a wave-like fashion. Each actin polymerization wave begins at the 
nucleus and propagates from there radially traveling across the embryo (Shamipour et al. 
2019; Ierushalmi and Keren 2019). In the chapter (2.5), I will examine the dynamics and 
function of this bulk actin polymerization wave in detail, where a combined pulling and 
pushing model based on the bulk actin polymerization is put forward, that is capable of 
segregating cytoplasm and YGs, independent of cortical forces of softening and/or 
constriction origins. However, this does not exclude a contribution of other mechanisms in 
enhancing the flow speed and providing robustness therein, possibilities that remain to be 
explored in the future. 
 
 
Figure 6 Schematics illustrating the Ca2+elevations at the cortical shoulder regions 
Ca2+ elevations accompany cytoplasmic streaming and are thought to induce actin-mediated contractions at the 
blastoderm margin. These surface contractions were proposed to induce cytoplasmic flows along axial 
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streamers. At the onset of cytokinesis, the Ca2+ peaks were shown to accumulate at the cleavage furrow instead, 
which leads to the relaxation of cortical regions and subsequently ceasing of the cytoplasmic flows. Image 
adapted from Leung et al. 1998. 
 
2.3 Dorsal determinant positioning 
Another remarkable event that takes place right after fertilization is the transport of the 
dorsal determinants to the future dorsal side. The dorsally-positioned determinants are 
thought to establish the dorsal tissue by activating the canonical Wnt pathway and 
consequently, the expression of the dorsal-related genes. These determinants include RNAs 
such as grip2a and wnt8a that are initially localized to the Bb during oogenesis (Fuentes et al. 
2020). Upon the dissociation of Bb at the vegetal pole, these RNAs are released there, where 
they will remain until fertilization (Welch and Pelegri 2014). Around 20 minutes after 
fertilization, an array of parallel microtubules form at the vegetal pole of the embryo, with 
their plus ends pointing towards the future dorsal side. These microtubule networks are 
suggested to provide the tracks for the transport of dorsal determinants, as interfering with 
microtubules through cold shocks, UV irradiation, nocodazole treatment or removal of the 
vegetal pole yolk mass right after fertilization results in ventralized embryos (Jesuthasan and 
Stähle 1997; Mizuno et al. 1999; Tran et al. 2012).  
Moreover, maternal mutants of Kinesin family member 5Ba (Kif5Ba, Zebrafish kinesin-1 
homolog) or the syntabulin, encoding a kinesin motor adaptor protein, both exhibit 
ventralization phenotypes, further supporting the microtubule- and kinesin-dependent mode 
of cargo transport, carrying dorsal determinants to the future dorsal side (Nojima et al. 2010; 
Campbell et al. 2015). Interestingly, maternal Kif5Ba mutants show disrupted microtubule 
networks, in contrast to the parallel network of microtubules in the wild type embryos (Figure 
7). This is remarkably similar to the process of cytoplasmic streaming in Drosophila and C. 
elegans oocytes, discussed in chapter 1, where the kinesin-1 motors carrying cargoes along 
microtubules organize the microtubule network. Here, motor movements exert drag forces 
to the surrounding cytoplasm and create cytoplasmic flows. These flows, in turn, shear the 
microtubules and result in their alignment. The aligned microtubules then enhance the 
cytoplasmic flows in a positive-feedback and self-organizing manner (Monteith et al. 2016; 
Kimura et al. 2017). Further studies are required to identify the mechanisms organizing 
parallel microtubules at the vegetal pole of zebrafish embryos and reveal whether a self-




Figure 7 The relocalization of dorsal determinants from the vegetal pole to the dorsal side 
Kif5Ba associates with microtubules and carries some of the dorsal determinants along microtubule tracks. In 
addition, Kif5Ba is thought to reorganize microtubules into parallel arrays. Image adapted from (Campbell et 
al. 2015)  
 
2.4 Germ granules segregation 
A different structure whose distribution is shown to vary during the early stages of zebrafish 
embryonic development is the germ plasm. Germ plasm is the maternally deposited 
cytoplasm within an egg, containing non-membrane bound granules that include RNAs from 
germline-specific genes such as vasa and nanos1. Incorporation of the germ plasm into cells 
results in the primordial germ cells (PGCs) formation later in the development. These germ 
granules are recruited to the distal ends of the cleavage furrows at 2 and 4 cell stages and 
their removal from cleavage furrows is found to reduce PGC numbers (Hashimoto et al. 2004). 
The mechanism responsible for the repositioning and recruiting germ plasm to the cleavage 
furrows is of significant relevance since, during the follow-up cell cleavages, only a small 
fraction of cells will inherit these structures to form PGCs. Studies using fluorescent in situ 
hybridization on zebrafish oocytes and embryos indicated that the germ plasm RNAs, 
including vasa, nanos1 and dazl are recruited via the Bb structure to the vegetal pole of the 
oocyte during stages I-III of oogenesis (Kosaka et al. 2007). Despite their similar initial 
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localization during oogenesis, their positioning at the zygote stage is shown to diverge. 
Interestingly vasa and nanos1 become localized to a broad cortical region at the animal pole 
of the freshly laid egg, indicative of their transport during stages IV/V of oogenesis or upon 
fertilization. Dazl RNAs, in contrast, stay at the vegetal pole until fertilization and during the 
early cleavages become transported along the cortex and towards the animal pole. 
Interestingly, despite their diverge modes of transport to the animal pole, both RNA types 
become recruited to the distal ends of the 1st and 2nd cleavage furrows, however not in 
complete colocalization. The vasa and nanos1 RNAs take slightly more intermediate positions 
and dazl appear more distally on the cleavage furrows. This configuration is maintained during 
later stages of development (Theusch, Brown, and Pelegri 2006). It is remarkable how the 
different RNAs initially positioned together, become transported differently later on. Further 
research is needed to identify the modulatory elements defining their transportation 
pathways. Although the translocation of the dazl transcript to the animal pole is thought to 
rely on the actin cytoskeleton (Welch and Pelegri 2014), perhaps through actomyosin-
mediated cytoplasmic flows, the underlying mechanism for vasa and nanos1 translocation 
during oocyte maturation and/or fertilization is yet to be investigated. 
The aggregation and recruitment of the germ plasm RNAs to the cleavage furrows are thought 
to be dependent on microtubules. Germ plasm RNAs were shown to interact with microtubule 
plus ends. As a result, with microtubule asters growing outward from centrosomes, RNAs 
were found to aggregate at microtubule tips, resulting in their peripheral accumulation 
(Theusch, Brown, and Pelegri 2006). Also, the formation of the cleavage furrow where the 
two sister microtubule asters meet (Field et al. 2015), coincides with the outward moving of 
the RNA granules, which leads to the association of already aggregated RNAs to the furrows 
(Eno and Pelegri 2016). Finally, Kif5Ba is thought to play an essential role in recruiting the 
germ plasm to the cleavage furrow, as in maternal kif5Ba mutant embryos the germ plasm 














2.5 Bulk actin dynamics drive phase segregation in zebrafish embryos 
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Actin Dynamics Drive Phase Segregation in Zebrafish Oocytes. Cell 177, 1463–1479.e18.  
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3 Zebrafish oogenesis 
After investigating the molecular machinery and the biophysical forces underlying the process 
of cytoplasmic streaming in the early zebrafish embryos, I took a step forward in order to 
understand the initial morphological symmetry-breaking events that result in blastodisc 
formation. Unfertilized eggs contain the precursor of the blastodisc, termed preblastodisc, at 
their animal pole, marked by enrichment of clear cytoplasm and an absence of yolk granules 
(YGs) therein.  The preblastodisc region then further expands through the streams of 
cytoplasmic fluid and the backward push of YGs away from this region during early cleavage 
cycles, as described in the previous chapter. The preblastodisc region is found to form during 
the late stages of oogenesis, concomitant with oocyte maturation. Hence, in this chapter, I 
focus on zebrafish oogenesis and trace the morphological changes during oocyte maturation. 
Moreover, I examine the role of the cell cytoskeleton in driving such reorganizations and ask 
whether the same molecular machinery that drives the expansion of the blastodisc in 
embryogenesis is also involved in the formation of the preblastodisc region during oogenesis. 
This is ongoing work that I have started since last year and will hopefully continue working on 
as a postdoc in the lab. It is important to mention that most of the results presented in this 
chapter are preliminary, and the number of independent experiments needs to be increased, 
to make firm conclusions. Therefore, I mostly focus on the characterization of the system and 
discuss the future research directions that I would like to pursue. Specifically, I first introduce 
the remarkable processes that take place during zebrafish oogenesis, from the establishment 
of the animal-vegetal (AV) axis to the formation of cortical and yolk granules and the process 
of oocyte maturation.  I then discuss my results describing preblastodisc formation dynamics, 
cortical granules (CGs) relocalization and the microtubule network reorganization that 
accompany zebrafish oocyte maturation.  
 
3.1 Introduction 
The first axis to be defined in vertebrates is the AV axis of the oocyte. Balbiani body (Bb), a 
structure containing aggregates of RNAs, proteins and organelles such as mitochondria, 
Endoplasmic reticulum (ER) and Golgi, accumulates at the vegetal side and hence establishes 
the embryonic axis. The molecular and physical mechanisms underlying Bb formation, 
translocation and positioning are yet to be fully determined.  
Live imaging of early zebrafish oocytes has revealed the first moments of this symmetry-
breaking event. During the early stages of oogenesis, the oocyte still contains a centrosome. 
Interestingly, the centrosome is localized towards the intercellular cytoplasmic bridges that 
remain between oocytes from their last mitotic division. While this can be referred to as the 
first step of polarization, the effective symmetry-breaking happens as follows. At the onset of 
first meiosis, telomeres cluster to a side of the nucleus and adjacent to the nuclear envelope, 
forming a conserved structure known as chromosomal bouquet, which supports meiotic 
recombination. Concomitant with the chromosomal bouquet formation, the precursor 
components of Bb that are initially spread rather uniformly on the surface of the nuclear 
envelope become positioned adjacent to the bouquet where they surround the centrosome. 
After this, Bb precursors become more aggregated around the centrosome, assembling the 
early Bb. The processes of chromosomal bouquet formation and Bb precursor positioning are 
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found to be microtubule-dependent, the mechanism of which remains unknown (Elkouby et 
al., 2016, Figure 8).  
 
 
Figure 8 Establishment of the animal-vegetal axis in zebrafish oocytes 
Telomeres cluster on one side of the nucleus and precursor components of Bb also accumulate to the adjacent 
side of the bouquet, surrounding the centrosome. Image taken from (Elkouby et al., 2016). 
While during the early stage of oogonia (stage IA), the oocytes are within a nest and 
connected through intercellular cytoplasmic bridges, in the later stage (stage IB) the oocyte 
leaves the nest and becomes surrounded by a single follicle layer. The oocyte grows 
significantly in size throughout stage IB, concomitant with the proliferation of organelles, 
reaching up to 140 μm in diameter. Within this time window, the Bb detaches from the 
nucleus and moves towards the vegetal pole cortex of the oocyte. When localized at the 
vegetal-pole cortex, it disassembles and releases vegetal RNAs therein. This results in the 
establishment of the AV axis. Moreover, mRNAs such as wnt8a and grip2a, that are essential 
in the formation of dorsal structures, are also carried to the vegetal pole with the Bb (Elkouby 
et al., 2016; Escobar-Aguirre et al., 2017; Selman et al., 1993). 
Stage II of zebrafish oogenesis begins with the formation of CGs (cortical alveoli) within the 
cytoplasm. CGs are transient membrane-bound vesicles containing proteins and 
carbohydrates. They originate from Golgi complexes, grow in size and increase in number to 
occupy the entire cytoplasm. However, they will eventually end up in the close vicinity of the 
cortex, where upon fertilization they undergo exocytosis and release their content to the 
space between embryo and chorion. This in turn results in chorion expansion, to subsequently 
prevent polyspermy (Selman et al., 1993, Figure 9).  
The formation of YGs takes place in stage III oocytes, the vitellogenesis stage, resulting in 
significant oocyte growth. Yolk-precursor protein, Vitellogenin, is derived hepatically from the 
mother’s serum, endocytosed via receptors at the oocyte surface. The Vitellogenin proteins 
 
 
are further processed into yolk proteins, which are then stored as YGs. The formation of YGs 
in the oocyte center is suggested to push the CGs towards the cortex. Concomitant with the 
oocyte growth, the size and the number of YGs are found to increase (Figure 9). 
 
 
Figure 9 Stages I to III of zebrafish oogenesis 
During stage I the animal-vegetal axis of the oocyte is established. Stage II coincides with the formation of 
cortical granules. Stage III marks the formation of Vitellogenin-derived yolk granules. The image is adopted 
from (Elkouby & Mullins, 2017). 
 
By the end of the vitellogenesis stage, the oocyte becomes responsive to endogenous 
hormones in order to undergo maturation. During oocyte maturation, the centrally located 
germinal vesicle (GV) migrates towards the animal pole, where it undergoes the process of 
germinal vesicle breakdown (GVBD) to complete the first meiotic cell cycle by extruding the 
first polar body from the oocyte. The oocyte then enters the second meiosis and becomes 
arrested at metaphase until fertilization. The overall process of oocyte maturation takes a few 
hours (4-5 hours in culture) and happens prior to ovulation during the night cycle since 
zebrafish lay eggs at the beginning of the light cycle. The maturation process coincides with 
various morphological changes within the oocyte such as oocyte hydration and yolk protein 
hydrolysis (Selman et al., 1993). The activity of vacuolar ATPase (V-ATPase) and chloride 
channels positioned on the yolk granule membrane results in further acidification of the inner 
content and activation of the cathepsin enzymes (CatB/L). Yolk proteins undergo proteolytic 
degradation by these enzymes and form a large amount of free amino acids (FAA). On the 
other hand, the activity of Na+/K+-ATPase pumps and pendrin transporters on the oocyte 
surface leads to the increase of K+ and Cl- concentrations within the oocyte, respectively. 
Cumulatively, the accumulation of these ions and FAAs results in an increase in osmotic 
pressure within the oocyte and subsequently influx of water through aquaporin channels. This 
process, known as oocyte hydration, sets the buoyancy of the egg in addition to the provision 
of FAAs and other polypeptides required for embryonic development (Sullivan & Yilmaz, 2018, 




Figure 10 Oocyte maturation and yolk protein modifications in European sea bass 
During maturation, the activity of channels acidifies the inner content of YGs and proteolyze the yolk proteins, 
forming a pool of FAAs. The released FAA together with K+ and Cl- levels, increase osmotic pressure in the oocyte 
and cause water influx. LvH, Lipovitellin heavy chain, and LVL, Lipovitellin light chain, are major yolk proteins 
derived from Vitellogenin. Image taken from (Sullivan & Yilmaz, 2018). 
Another remarkable event that happens during oocyte maturation is the establishment of the 
preblastodisc region. Examination of zebrafish oocytes has revealed that although stage III 
and IV oocytes do not exhibit any signs of cytoplasmic segregation, stage V and mature 
oocytes accumulate a large amount of ooplasm at their animal pole, forming the preblastodisc 
(Figure 11). The size of the blastodisc region progressively increases after fertilization with the 
rise of Ca2+ levels in the cytoplasm and later on through bulk actin polymerization waves 
(Leung et al., 1998; Webb et al., 2011; Shamipour et al., 2019). Despite all the efforts in 
understanding the mechanisms that facilitate blastoderm expansion, the molecular players 




Figure 11 Oocyte maturation process 
Upon GVBD (cyan), the preblastodisc is established at the animal pole of the oocyte, where ooplasm accumulates 
and yolk granules (shown in pink) become depleted. This process can be studied in vitro by the addition of the 
maturing hormone, DHP. 
Interestingly, cultured stage IV zebrafish follicles respond to a well-known steroid hormone, 
DHP, shown to induce maturation for most teleost oocytes (Selman et al., 1993; Nair et al., 
2013). This provides a unique opportunity to the developmental events that are otherwise 
happening in the female ovary. In the following sections, I will examine some of the processes 
that take place during oocyte maturation. 
 
3.2 Ooplasm and granules positioning during zebrafish oocyte maturation  
Previous studies have optimized culture conditions to induce maturation of stage IV zebrafish 
oocytes (Nair et al., 2013; Selman et al., 1994; Tokumoto et al., 2011). The expression of 
proteins such as Aurora B through mRNA injection into stage IV oocytes has been shown to 
rescue the maternal-effect mutants, indicating the potentials of functional manipulations as 
well as the validity of the in vitro oocyte culture (Lindeman and Pelegri, 2012; Nair et al., 2013; 
Welch et al., 2017). Despite the availability of culture methods and perturbation assays, 
various morphogenetic processes happening during maturation have not been observed 
using live imaging. By employing such culture conditions in the presence of DHP hormone, I 
note that in the course of 3-4 hours the immature prophase I-arrested oocyte transforms to 
a metaphase II-arrested egg ((Lessman, 2009), Figure 12). The GV was found to migrate 
towards the animal pole, where it breaks down to form the meiotic spindle. This is then 
followed by the formation of the preblastodisc, when the oocyte simultaneously becomes 
less opaque (Figure 12A). I utilized a Clip170-GFP transgenic line, which shows predominantly 
a cytosolic signal, to visualize these events using fluorescence microscopy in vivo. Inspecting 
the oocyte across animal planes (with the animal pole in the field of view (Figure 12A’, AA’ 
plane)) indicated the dynamics of preblastodisc appearance. Here, it was found that prior to 
the dissolution of GV, granules fill the entire ooplasm and from GVBD they begin to move 
towards the vegetal pole, at the expense of ooplasm flowing towards the animal pole (Figures 
12A’‘ and 12A’”). This results in the clearance of the preblastodisc region with an average 
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speed of ~ 0.5 μm/min. These results indicate that unlike later embryonic stages, where the 
blastodisc expansion happens due to fast cytoplasmic flows in the order of 10 μm/min, the 
ooplasmic flows that lead to the preblastodisc formation are an order of magnitude slower. 
Moreover, unlike cytoplasmic flows that last for 10-15 minutes during each round of cell cycle, 
ooplasmic flows continue for 1-2 hours during oocyte maturation. Whether these differences 
in the dynamics of cytoplasmic and ooplasmic flows are due to the duration of cell cycles 
and/or the function of different cytoskeletal structures, remain to be investigated. 
Close inspection of oocytes across the lateral planes (without the animal pole in the field of 
view (Figure 12A’, BB’ plane)) indicated significant reorganizations therein. To capture the 
dynamics of intracellular organelles, I bathed the oocytes in Lysotracker, a dye that labels 
lysosomes and YGs, which share many common features, such as their acidic nature (Fan et 
al., 2010). However, I notice that some smaller granules are negative for Lysotracker staining, 
indicative of their different biochemical composition. Furthermore, these granules are mostly 
associated with the cortex, a known feature of CGs. For the following, I assumed that these 
granules stained negative for Lysotracker are CGs, a claim that needs to be further 
investigated using lectins that bind to glycoconjugates, which are known to be present in CGs 
(Liu, 2011). This allowed me to segment CGs and observe their movement during oocyte 
maturation (Figure 12B). Although at stage IV CGs are mostly positioned near the cortex, 
during oocyte maturation they become even more associated with it, reducing their average 
distance to the cortex from 40 to 30 μm (Figure 12B’). This is likely an underestimate of CG 
packing towards the cortex, since in the deeper planes within the oocyte, these effects are 
even more pronounced. However, the signal of YGs drops quickly with depth, preventing their 
precise segmentation. To this end, more specific and brighter labeling of CGs will be 
necessary, to track their dynamics at deeper planes within the oocyte. Collectively, these 
results indicate that during oocyte maturation, CGs reveal slow outward flows towards the 
cortex, where they become closely packed. 
CG outward movement can be facilitated by outward-radial ooplasmic flows at the cortical 
regions. To examine where these ooplasmic flows are present, I transplanted 0.5 μm beads 
into the oocytes and followed their movement (Figure 12C). Interestingly, beads were moving 
towards the cortical areas, resulting in their cortical accumulation (Figure 12C’). Further 
analysis of bead tracks, such as mean squared displacement, is needed to distinguish the 
mode of this transport and determine whether they resemble passive/active diffusion or even 
advection (Almonacid et al., 2015; Drechsler et al., 2017). The magnitude of the velocities, 
however, is higher than expected for passive diffusion. These results point to a possibility that 
outward-radial ooplasmic flows might take along and position CGs at the cortex (Figure 12D). 
Following mass conservation, some structures need to move inwards, opposite to direction 
of these flows. Indeed, YGs were found to compact towards the central region. In the future, 
I would like to investigate the simultaneous relocalization of ooplasm, CGs and YGs and try to 
find causality links between these reorganizations. In addition, the amplitude of these flows 
seems to be much larger at the animal pole region, which results in preblastodisc formation. 
It will be interesting to understand the origin of these differences at the animal pole versus 




Figure 12 Ooplasm, cortical granules and yolk granules redistributions during oocyte maturation 
A. Bright-field (top row) and fluorescence (bottom row) images of zebrafish oocyte expressing Clip170-GFP 
during 4 hours after adding the DHP hormone. GV: Germinal vesicle. 
A’. Schematic illustrating different planes (AA’: animal, BB’: lateral) used for imaging. 
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A’’. Kymograph of ooplasm along the animal-vegetal (AV) axis as a function of time, taken from an oocyte 
expressing Clip170-GFP. GV: Germinal vesicle. GVM: Germinal vesicle migration. GVBD: Germinal vesicle 
breakdown. BD: Blastodisc. 
A”’. Speed of the blastodisc (BD) clearance. 
B. Fluorescence images of zebrafish oocyte expressing Clip170-GFP (cyan) and exposed to Lysotracker (red) to 
mark yolk granules. Cortical granules (negative for Lysotracker staining) segmented below.  
B’. Average cortical granules (Cg) distance to the cortex measured over time. 
C. Images of an exemplary oocyte expressing Clip170-GFP (yellow) and injected with beads (0.5 μm, magenta) 
to mark the ooplasmic flows. 
C’. Speed distribution of injected beads examined for the duration of oocyte maturation. + velocities, towards 
the cortex. 
D. Schematic illustrating the pattern of ooplasmic flows in the oocyte. Scale bars, 100 μm. 
 
To unravel the underlying forces establishing such segregation patterns, I began by 
investigating microtubule (Mt) dynamics. Mts have been involved in various processes during 
zebrafish oogenesis such as chromosomal bouquet and precursor Bb formation, Bb cortical 
localization and transport of cyclin B1 mRNA to the animal pole of the oocytes (Elkouby et al., 
2016; Escobar-Aguirre et al., 2017; Takahashi et al., 2018). Mt visualization of stage IV oocytes 
revealed a sparse network filling up the ooplasm and the spaces between YGs. Upon GVBD, 
the sparse Mt network transformed into numerous asters across the oocyte. Concomitantly, 
the meiotic spindle formed and migrated towards the animal pole cortex, where it stays until 
fertilization (Figure 13A).  High-resolution time-lapse movies of this process indicated wave-
like dynamics of aster formation and disappearance, where upon GVBD and entry into 
metaphase asters formed first at the animal pole and then at more lateral and vegetal parts 
of the oocyte. Similarly, at the exit from metaphase, the asters disappeared as an animal to 
vegetal wave (Figure 13B). Quantifying these dynamics revealed that aster formation happens 
as a wavefront with a constant speed of approximately 2 μm/min (Figures 13C and C’). The 
constant speed of the wave and the mitotic nature of it, are hallmarks of trigger waves 
previously reported in fruit fly and zebrafish embryos (Deneke et al., 2016; Shamipour et al., 
2019). Furthermore, the overall aster number increased initially during the entry wave and 
then dropped with the exit wave at a rapid rate. This, however, was followed by a slower 
disassembly regime, where the remaining asters gradually fade away (Figure 13D). The 
general characteristics of Mt aster formation and disappearance seem to be tightly linked to 
the cell cycle events. However, these links need to be further explored, to discover whether 
















Figure 13 Microtubule dynamics during oocyte maturation 
A. Fluorescence (top row) and bright-field (bottom row) images of zebrafish oocyte expressing DCLK-GFP to mark 
microtubules (Mts) during 4 hours after adding the DHP hormone. AP: Animal pole, VP: Vegetal pole. White 
arrowhead: germinal vesicle, green arrowhead: spindle. 
B. Fluorescence images of zebrafish oocyte expressing DCLK-GFP to mark Mts during 2 hours after adding the 
DHP hormone. AP: Animal pole, VP: Vegetal pole. Yellow arrowhead: leading edge of the aster formation wave. 
C. Left: Fluorescence image of an oocyte expressing DCLK -GFP to mark Mts. The ROI indicates the area used for 
acquiring the Mt kymograph. Right: Kymograph of Mt intensity observed in (B) along the circumference (as shown 
in left) as a function of time. White dashed line outlines the boundary of the aster formation wave. Hot-to-cold 
color-coding corresponds to high-to-low Mt intensity. AP: Animal pole, VP: Vegetal pole. Scale bars, 100 μm and 
30 min. 
C’ Speed of Mt aster formation wave. 





Our study reveals that upon GVBD, an initially isotropic Mt network transform into numerous 
acentrosomal Mt asters, where asters are the result of Mt accumulation into small foci in a 
motor-dependent manner. One fundamental aspect of this process is understanding how 
such a transition is regulated. The transition of Mts from nematic networks, where Mts locally 
align, to a polar organization, where they form asters, are found to depend on two 
parameters: motor to Mt number ratio (number ratio) and the Mt growth speed to motor 
speed ratio (speed ratio). Accordingly, increasing the number ratio and/or decreasing speed 
ratio results in the transition from a nematic to a polar organization (Roostalu et al., 2018, 
Figure 14). Therefore, a nematic-to-polar transition in Mt network structure of zebrafish 
oocytes can be due to various mechanisms such as motor activation, Mt depolymerization 
(reducing their number), decreasing Mt growth speed or increasing motor speed. In the 
future, I aim to focus on examining what are the essential motors that drive this aster 
formation and how their activation level might alter upon GVBD. Additionally, I would like to 
investigate the effects of Cdk1 activation on Mt growth dynamics and number. In 
combination, I aim to understand the chemistry behind such transitions in Mt networks that 
occur during zebrafish oocyte maturation. 
 
Figure 14 The phase diagram determining nematic versus polar organization of the microtubule network 
Image adapted from (Roostalu et al., 2018). 
 
In addition to the molecular players driving such a mechanism, its physiological relevance will 
be of great importance. My preliminary results (not shown here) indicate that asters that are 
formed in the near vicinity of the cortex (up to 100 μm), flow towards cortical regions. 
Together with the radially-outward movement of CGs, this observation points to an exciting 
possibility that Mt asters might carry CGs along and position them near the cortex. Hence, it 
will be interesting to track the movement of Mt asters and CGs simultaneously and examine 
whether they move in a spatiotemporally-correlated manner. Moreover, perturbation 
 
 
experiments will help in understanding the function of Mts in CG relocalization and/or 
preblastodisc expansion. Alternatively, Mts can play a permissive role therein, where aster 
formation would result in Mts leaving the space between granules and allowing another 
mechanism such as the actomyosin flows to segregate ooplasm and CGs from YGs. Imaging 
actomyosin has been difficult so far, due to the much brighter signal that arises from the 
surrounding follicle cells. However, my preliminary results (not shown) indicate that 
disrupting the actin network by chemical perturbation abrogates blastodisc expansion, 
pointing to a possible role of actin cytoskeleton therein. Therefore, it will be exciting to 
investigate the role of actomyosin and microtubule cell cytoskeleton in ooplasmic 
reorganizations using zebrafish oocytes.  
Collectively, these results highlight the complex nature of the processes that accompany 
oocyte maturation in zebrafish oocytes, where a multitude of events such as cortical granule 
relocalization, ooplasmic flows and preblastodisc establishment take place. Further attempts 
are required to disentangle these events from each other and pinpoint the molecular 
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In this thesis, I have showcased several examples from both in vitro assays and in vivo 
developmental processes, in which actin and microtubule cytoskeleton and their associated 
motors induce large-scale cytoplasmic reorganizations. Although in each process certain 
cytoskeletal components are suggested to play central roles, the other cytoskeletal elements 
may also contribute to various aspects of self-organizations such as initial symmetry breaking, 
timing, positioning and propagation of forces. For instance, constructing composite networks 
of actomyosin and microtubules in vitro have accentuated the function of microtubules in 
organizing the myosin-mediated actin contractions to be more persistent in time and across 
larger length scales, by providing structural rigidity to the actin network (Lee et al.). Similarly, 
actin meshwork is shown to modulate the speed of organelle transport along microtubule 
filaments and hinder microtubule growth and aster motility in in vitro assays (Colin et al., 
2018; Pelletier et al., 2020). Furthermore, and during mid to late Drosophila oogenesis, where 
microtubules and kinesin-1 are essential in creating large-scale advective motions in the 
ooplasm, bulk actin meshwork, on the other hand, is suggested to create small-scale active 
diffusion of the vesicles (Drechsler et al., 2017). In addition, depolymerizing F-actin meshwork 
results in premature transition into the fast streaming phase, indicating that their interplay 
controls the intricate dynamics of reorganizations (Manseau et al., 1996). Likewise, and in the 
process of spindle positioning in mouse oocytes where the proposed driving mechanisms 
prevalently rely on actomyosin-mediated pushing and pulling forces, acentriolar microtubules 
might counterbalance these forces by anchoring the spindle to the opposing cortex (Vasquez 
et al., 2020). These studies emphasize the importance of considering different cytoskeletal 
structures in the wholesome understanding of each system, since the complex interaction 
between these elements at the molecular levels or their associated forces at the macroscopic 
levels, can fine-tune the dynamics of the process.  
 
Moreover, in the chapter (2.5), it was observed that the treatment of zebrafish embryos with 
nocodazole led to the earlier arrival of the transplanted beads to the animal pole. This can be 
due to the chemical but also mechanical influence of microtubule structures in this process. 
RhoA exchange factors such as GEF-H1 are shown to be sequestered to polymerized 
microtubules (Meiri et al. 2014), therefore it is plausible that microtubule depolymerization 
with drug treatment would result in the release of RhoA exchange factors, which in turn 
increase actomyosin contractility and enhance the flows. However, microtubule networks can 
also modulate this process by changing the mechanical properties of the cytoplasm. 
Interestingly, bulk actin polymerization waves in metaphase are followed by microtubule 
polymerization waves in anaphase in early zebrafish embryos. It is possible that the 
microtubule network, normally appearing at the end of the cytoplasmic flows, increases the 
mechanical stiffness of the cytoplasm and reduces its deformations and flows. In the 
nocodazole treatment, however, these structures are depleted and the cytoplasmic flows 
become enhanced. Cumulatively, the chemical or mechanical influence of the microtubules 
in the process of cytoplasmic streaming in zebrafish embryos can be a mechanism to control 
the extent of flows. 
 
Studies using Xenopus egg extracts have indicated that the bulk actomyosin cytoskeleton 
exhibits periodic phases of gelation-contraction in a Cdk1 dependent manner, where the high 
Cdk1 activity levels in metaphase of the cell cycle correlated with actin nucleation and induced 
 
 
contractions (Field et al., 2011). Furthermore, in starfish oocytes the basket-like actin network 
that is transporting chromosomes towards the cortex to allow meiotic spindle assembly, 
forms in the metaphase of the cell cycle and upon GVBD (Burdyniuk et al., 2018; Chun et al., 
2010; Lim et al., 2003). Recent work has further highlighted that the actin polymerization 
waves within cleavage-staged zebrafish embryos are tightly correlated with Cdk1 activities. 
These waves are established in metaphase and from the nucleus where the Cdk1 activity is 
the highest and travel to the opposite pole until they cease in anaphase (Shamipour et al., 
2019). While these studies highlight a positive correlation between Cdk1 activity and actin 
polymerization in the bulk of the cytoplasm, the exact molecular nature of such actin 
nucleation far from the cortex remains yet to be investigated. 
 
Another interesting link between Cdk1 and actomyosin dynamics has been observed at the 
cortical levels. Here the interactions seem to be inversely correlated, as in zebrafish embryos 
, for instance, the cortical actin levels drop during metaphase and recover in anaphase of the 
cell cycle. Likewise, and during the process of axial expansion in Drosophila embryos, the 
recruitment of myosin II at the cortex overlying the nuclei has been linked to the cortical levels 
of the mitotic phosphatase PP1, which rises at the exit from mitosis (Deneke et al., 2019). 
Moreover and using starfish embryos it was shown that the Cdk1 dampen myosin II activity 
at the cortex through RhoA/ RhoA kinase inhibition and the drop of Cdk1 levels below a 
threshold in anaphase results in cortical RhoA activation and establishment of surface 
contraction wave (Bischof et al., 2017). These studies point to the exciting observation that 
Cdk1 modulates cortical actin negatively, despite its positive correlations on the bulk actin 
nucleation. Whether these regulations are mediated through different actomyosin effectors 
that respond differently to Cdk1 phosphorylation or that these nucleators can shuffle 
between cortex and cytoplasm in a Cdk1-dependent manner remains to be investigated.  
 
Additionally, active Cdk1 is shown to limit microtubule growth by promoting catastrophe 
(Belmont et al., 1990; Verde et al., 1992). In the cytoplasm of Xenopus and zebrafish embryos 
and during anaphase of the cell cycles when the Cdk1 levels drop, astral microtubules set to 
grow out at a constant rate and without a reduction in aster density; dynamics that are 
reminiscent of chemical waves. Net positive microtubule polymerization together with 
random microtubule nucleation on pre-existing microtubules can in principle account for the 
sustained microtubules density during aster growth and the wave-like dynamics (Ishihara et 
al., 2014, 2016). In this view, Cdk1 through regulation of microtubule-associated proteins can 
control the microtubule (de)polymerization dynamics and in turn allow or block aster growth 
in a switch-like manner. Alternatively, mitotic exit waves in anaphase, orchestrated by Cdk1 
inactivation, can also account for such wave-like dynamics, similar to the Cdk1 controlled bulk 
actin polymerization in zebrafish embryos. Further research will be important in 
distinguishing the difference between these hypotheses in different systems. 
 
The transition between cortical and cytoplasmic actomyosin-mediated forces as well as the 
regulation of microtubule dynamics seem to be modulated by the cell cycle master regulator, 
Cdk1. This together with the capacity of Cdk1 in orchestrating trigger waves, can underlie a 
core self-organizing repertoire of the large oocytes and embryos, where by tuning the force-
generating cytoskeletal elements and the mechanical property of the cytoplasm, various 
functions such as nuclear and spindle positioning, cytoplasmic flows, SCWs and cytokinesis 




While the mechanisms underlying force generation in cytoplasmic reorganizations have 
attracted significant attention in the last decades, the role of the mechanical property of the 
cytoplasm in force transduction and thereby modulating such cytoplasmic reorganizations is 
largely unknown. Although cytoplasm appears as fluid for nanometer-sized particles, it 
becomes progressively more glass-like for larger particles, hindering their motion. The ATP-
dependent activity of the molecular motors and the metabolic pathways are found to play a 
key role in fluidizing the cytoplasm and suppress these glassy dynamics. This cytoplasmic 
fluidization is essential in facilitating the large-scale reorganizations within the cytoplasm such 
as nuclear migration (Parry et al. 2014; Almonacid et al. 2015). Intriguingly, the mechanical 
nature of the cytoplasm can vary from a viscous fluid to a viscoelastic or poroelastic material 
depending on the speed and size of the particle that is moving through the cytoplasm. The 
transition between these dynamics was found to depend on the strain rates exerted, where 
at very low strain rates the cytoplasm behaves as a viscous fluid since the elastic stresses have 
enough time to relax due to reorganization of the cell cytoskeleton and the cytosol can flow 
relative to the cytoskeleton and homogenize the pressure. For medium strain rates, the 
cytoplasm can exhibit both poroelastic and viscoelastic behavior, where the applied stress 
results in the flow of cytosol relative to the cytoskeleton at very short time scales, the 
cytoskeletal network deformation and elastic response at short time scales and 
reorganization and/or flow of the network at longer time scales. Finally, for very high strain 
rates, there is not enough time for the cytosol to flow through the meshwork and for the 
network to rearrange and relax the stresses and therefore cytoplasm behaves as an 
incompressible solid (Hu et al. 2017). These results emphasize on considering the variability 
of the mechanical response of the cytoplasm to the motion of organelles and vesicles, which 
then facilitate better approximation of the forces that are required for such movements. 
Moreover, it remains an open question, how does a large cell such as embryo organize its 
mechanical properties across hundreds of micrometers and over the rapid cell cycles that it 
undergoes (in minutes, in the case of zebrafish). It is imaginable that cytoplasm regulates its 
mechanical properties depending on the aim that is going to achieve. For instance, as 
previously mentioned, the presence of microtubules during actomyosin-mediated 
cytoplasmic flows in zebrafish embryos might increase the resistance to the cytoplasmic flows 
and hamper their amplitude or reversibly the partial depolymerization of actin cytoskeleton 
during aster positioning at the time of fertilization, might facilitate its migration. While these 
ideas are still to be carefully examined, the cell-cycle-dependent control of the mechanical 
properties of the cytoplasm in addition to that of the force-generating machinery can be two 
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